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Abstract: Brillouin light scattering offers a unique label-free approach to measure biomechanical
properties non-invasively. While this technique is used in biomechanical analysis of cells and
tissues, its potential for visualizing structural features of tissues based on the biomechanical
contrast has not been much exploited. Here, we present high-resolution Brillouin microscopy
images of four basic tissue types: muscular, connective, epithelial, and nervous tissues. The
Brillouin contrast distinguishes between muscle fiber cells and endomysium in skeletal muscle
and reveals chondrocytes along with spatially varying stiffness of the extracellular matrix in
articular cartilage. The hydration-sensitive contrast can visualize the stratum corneum, epidermis,
and dermis in the skin epithelium. In brain tissues, the Brillouin images show the mechanical
heterogeneity across the cortex and deeper regions. This work demonstrates the versatility of
using the Brillouin shift as histological contrast for examining intact tissue substructures via
longitudinal modulus without the need for laborious tissue processing steps.

© 2021 Optical Society of America under the terms of the OSA Open Access Publishing Agreement

1. Introduction

Histological staining is a widely used method for examining the microscopic anatomy or structure
of tissues. It involves fixation, embedding and sectioning, followed by staining with chemical
coloring reagents or dye-conjugated antibodies against specific protein biomarkers. In the past
decade, there have been efforts to exploit tissue-intrinsic optical contrasts, such as autofluorescence
[1], second harmonic generation [2], infrared absorption [3], and stimulated Raman scattering
[4], for histology. These label-free mechanisms can show tissue microstructures via differences
in molecular compositions. These label-free imaging modalities have the potential as alternatives
or supplements to conventional histological stains for tissue characterizations and pathological
examinations.

The mechanical properties of tissues are intimately related to their microstructures and functions
[5]. Changes in mechanical properties are associated with diseases, such as muscular dystrophy
[6], osteoarthritis [7], and fibrosis [8]. Mechanical properties are also linked to fundamental
biological processes, such as the deformation of cellular membrane integrity [9], changes in
extracellular matrix (ECM) [7], and the disintegration of tissue architecture [10]. Mechanical
characterization of tissues is therefore important in studying tissue development, homeostasis,
and disease progression [11]. Histological staining can visualize structural proteins largely
responsible for tissue stiffness such as collagen, elastin, glycosaminoglycan (GAG), and actin
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fibers. However, neither histological staining nor the label-free imaging techniques listed above
can provide quantitative mechanical information on a sample. A method that can visualize the
mechanical properties of histological tissue samples could be useful in studies of mechanobiology
and pathophysiology, as well as the diagnosis of diseases.

Brillouin light scattering microscopy is an optical technique capable of optically measuring
the longitudinal elastic moduli of materials [12,13]. Brillouin scattering arises as photons
are scattered by acoustic waves (phonons) present in a sample. The optical frequency shift,
or the Brillouin shift vg, in the scattered photons carries information on the real part of the
longitudinal modulus (M) of the material through the formula: vg = (2n/19)\/M’/p where ) is
the wavelength of the pump beam. In several biological materials the local refractive index (n)
has been shown to scale approximately with the square root of the density (p), and variations
in Brillouin shift can thus be generally interpreted as those of local longitudinal modulus [14]
(with the only known exception of large lipid droplets [15]). However, as the exact quantitative
relationship is expected to vary slightly depending on specific composition in tissue, in the
following we report Brillouin shift values without extrapolating longitudinal moduli. Brillouin
microscopy has recently been used to evaluate the biomechanical properties of various tissues
[12,16-22], as the microscopic resolution and non-contact nature of this technique is well suited
for histology, with an advantage over beads [23], atomic force microscopy [24], and elastography
[25].

In this work, we demonstrate the potential for microscopic histological examinations of
microstructures using the Brillouin shift as the contrast. As a proof of concept, we examine and
discuss four examples of four major sub-types— muscular, connective, epithelial, and nervous
tissues.

2. Results

2.1. Skeletal muscle tissue

The compliance of the muscular ECM affects its ability to sustain external loads during muscle
contraction and prevents muscle tearing under external strains [26]. The viscoelastic property of
the ECM changes with age and disease progression [27].

To test whether Brillouin microscopy can visualize the intact landscape of freshly isolated
muscular tissues, we isolated tibialis anterior skeletal muscle from 6-week-old CD-1 mice and
analyzed the transverse plane (x-z) of the muscle fascicles using confocal Brillouin microscopy (see
Materials and methods). Histology using hematoxylin and eosin (H&E) and immunohistochemical
staining against laminin [28] show the typical morphology of muscle fibers, basement membrane
surrounding the fibers, and ECM known as the endomysium [29] between the fibers (Fig. 1(b)).
In comparison, Brillouin microscopy images illustrate the distinct morphology of the muscle
tissue in a label-free manner (Figs. 1(c) and S1). The muscle fibers exhibit considerably higher
Brillouin shifts than their surrounding endomysium matrix. Variations of Brillouin shifts within
individual muscle fibers are also noticeable, ranging from ~8.0-8.2 GHz.

2.2. Articular cartilage tissue

Articular cartilage is a representative load-bearing tissue, covering the ends of bones in joints.
To obtain Brillouin images of articular cartilage, we used femoral articular cartilage obtained
from a 9-month-old female New Zealand white rabbit (Fig. 2(a)). This connective tissue is
divided into four distinct sub-layer zones [30]: the superficial, transitional, deep, and calcified
zones. Histology of coronally-sectioned (x-z) cartilage stained with Masson’s trichrome shows
the sub-zones along the depth (Fig. 2(b)). Each zone features a unique cellular organization,
ECM composition, water content, and mechanical properties (Fig. 2(c)) [31]. The superficial
zone is a few tens of microns thick and has the highest cell population with flattened, disc-shaped
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Fig. 1. Brillouin histology of skeletal muscle tissues. a, Image of the tibialis anterior
skeletal muscle obtained from a 6-week old CD-1 female mouse. b, Histology sections of
the tibialis anterior skeletal muscle after H&E staining (top) and immunostaining for laminin
basement membrane protein (bottom). ¢, Brillouin shift map along an x-z plane of the intact
muscle fascicle.

chondrocytes lying parallel to the surface. In the middle zone, the chondrocytes are rounder
in shape. In the deep zone, the chondrocytes are larger, elongated, and distributed in vertical
columnar arrays [32]. The ECM in the cartilage tissue is comprised of glycosaminoglycans
(GAGs) and type II collagen, with an increasing trend of GAG and decreasing trend of collagen
II from the superficial to the deep zone. The deep zone lacks type II collagen but is abundant
with type X collagen. This ECM composition throughout the sub-zonal layer governs the water
content and mechanical properties of the tissue, which play a central role in its function as
cushioning layers in absorbing external shock.

Brillouin scans of femoral articular cartilage in the coronal plane showed distinct morphology
of the superficial layer where cells were flattened and lying parallel to the surface (Figs. 2(d) and
S2). The frequency shift of the ECM is much higher than that of chondrocytes, and it is higher in
the transitional zone compared to the superficial zone (Fig. 2(e)), in accordance with previous
studies showing increase in elastic modulus with depth [33]. The superficial layer is the most
essential layer for the function of cartilage as the chondrocytes located within this zone produce
a glycoprotein known as lubricin [34]. Lubricin is known as a critical protein that lubricates
the joint system, thus preventing cartilage wear by reducing the friction coefficient of surface
of articular cartilage [35]. During the onset and progression of injury and diseases such as
osteoarthritis, the organization of the cartilage ECM, along with its mechanical modulus and
water content, is altered [31,36]. Brillouin microscopy may thus potentially be useful as a tool to
non-invasively characterize spatial pathological changes on injured cartilage.

Brillouin images of a transverse (x-y) plane clearly show chondrocytes in the cartilage ECM
(Fig. 2(f)). This microstructure corresponds well to the histological image of a tissue section
stained with toluidine blue (Fig. 2(g)), with pairs of chondrocytes divided from single progenitors
with a thin ECM between the cells. An ECM with higher Brillouin shifts surrounds the
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Fig. 2. Brillouin histology of articular cartilage tissues from 9-month-old female New
Zealand white rabbit. a, Articular cartilage at the femoral head (arrow) was scanned with
Brillouin microscopy followed by histological staining for a morphological comparison. b,
Masson’s trichrome staining image of a coronal section of the articular cartilage. Dashed
lines and an anatomical schematic indicate the four sub-layer zones with chondrocytes. c,
Spatial gradients of collagen and GAGs proteins, elastic modulus, and water content [31].
d-e, Brillouin images of an intact articular cartilage tissue in the x-z plane with high spatial
resolution (d, 1 um pixel size; e, 5 pm pixel size). Arrows indicate chondrocytes. ECM in
the transitional zone has higher Brillouin shifts than that in the superficial zone. f, Brillouin
image in the x-y plane at the transitional zone. Chondrocytes and the stiffer ECM are clearly
distinguished. g, Toluidine blue stained image of a x-y cross-sectional tissue section of the
transitional zone.




Vol. 12, No. 3/1 March 2021/ Biomedical Optics Express 1441 |

Biomedical Optics EXPRESS -~

chondrocyte clusters. While Brillouin shifts of the cells within skeletal muscle tissue and articular
cartilage showed comparable shifts of ~8.0-8.2 GHz, Brillouin moduli of the ECM in muscle
(~7.9 GHz) and cartilage (~8.3-9.2 GHz) could be distinguished.

2.3.  Skin epithelial tissue

One of the essential functions of the epithelial tissues, such as the skin and cornea, is regulating
water content. The hydration state of the skin is related to various dermatological problems and
of great interest in the cosmetic industry as it affects the elasticity as well as appearance of the
skin [37]. Corneal hydration is a critical factor in maintaining corneal transparency [38]. The
Brillouin shift is sensitive to the corneal hydration state [39-41]. To evaluate how skin hydration
affects the Brillouin shift, we imaged ear skin tissues biopsied from 6-week-old mice at three
different conditions: normal fresh skin, dried skin (by applying warm air through incubation at
65 °C oven for 15 minutes), and pre-protected skin with petroleum jelly (Vaseline) followed by
oven incubation. Vaseline is an occlusive moisturizer that reduces the rate of trans-epidermal
water loss [42].
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Fig. 3. Brillouin images of murine ear skin tissues: a, freshly biopsied; b, after drying; and
¢, drying after pre-treatment with Vaseline. Vaseline is shown to protect the epidermis and
dermis from dehydration and also to cause swelling of the stratum corneum, as indicated by
the increased thickness and increased Brillouin shift compared to the control.

Brillouin images reveal exceptionally high Brillouin shifts in the stratum corneum (Figs. 3(a)
and S3a-c) with respect to the rest of the epidermis and dermis layers. This finding is consistent
with the low water content in the outermost, dehydrated layer of the skin, where a higher elastic
modulus implies a larger Brillouin shift [43]. Compared to the normal skin, dried skin showed
an extension of the dehydrated region beyond the stratum corneum and an overall increase in
Brillouin shift in the epidermis and dermis regions (Figs. 3(b) and S3d-f). By contrast, the same
drying condition on the skin after Vaseline pre-treatment reduced the change in Brillouin shift in
the dermis (Figs. 3(c) and S3g-i). The observed thickening of the top region with high Brillouin
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shifts is attributed to the swelling of the stratum corneum due to the Vaseline [42]. These results
suggest the potential applications of Brillouin microscopy for investigating the hydration status
across various skin sub-layers at high resolution.

2.4. Brain tissue

The viscoelastic modulus of brain tissues is an important factor in neuronal development,
traumatic injury, and pathology. During development, mechanical cues modulate the growth of
neurites and differentiation of precursor cells [44-46], as well as the interactions between neurons
and glial cells [47]. The stiffness of brain sub-regions influences how external physical impacts
exert stress and strain on brain cells. Typically, cellular damage is more evident in regions with
lower elastic modulus [48,49]. Also, pathological process in the brain often involves activation
of astrocytes, resulting in stiff scar tissues that may be a major impediment to regeneration of
neural networks [50-52].

To map the mechanical properties of brain tissues by Brillouin microscopy, we prepared
coronal sections of brain tissues obtained from 6-week-old female mice. The anatomic regions of
interest analyzed in this study include grey matter (cerebral cortex, putamen, and hippocampus)
and white matter (corpus callosum) (Fig. 4(a)) [53]. Brillouin images revealed heterogeneous
frequency shift values in both microscopic and macroscopic length scales (Figs. 4(b), 4(c) and
S4). The cortex and putamen, which are mainly populated by neuronal cells [53], showed low
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Fig. 4. Brillouin images of brain tissue slices. a, Coronal brain slices obtained from a
6-week old CD-1 female mouse at -1 and -2 mm from the bregma. b, Brillouin images
taken at a depth of 50 um from the tissue surface at four anatomically distinct sites: cortex,
putamen, corpus callosum, and hippocampus. ¢, Histogram of Brillouin shifts in the four
different regions. d, Brillouin maps of brain tissue slices from three different mice taken
across the sub-cortical layers and corpus callosum.
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Brillouin shifts. The corpus callosum exhibited higher mean Brillouin shift, presumably due
to high concentration of glial cells and a dense network of lipid-rich myelinated axons [54-56].
The hippocampus, which contains laminated and tightly oriented neuronal bodies [57], had the
highest mean Brillouin shifts. These measurements are in accordance with a previous report
that the hippocampus showed significantly higher elastic modulus than the cortex and corpus
callosum [58].

The cerebral cortex consists of six radial layers. Each cortical layer contains different
functional neuronal types, organizations, and densities. Broadly, these layers can be categorized
into superficial layers (I-III) and deep layers (IV-VI). The deep layers contain large pyramidal
cells with more densely myelinated axons than the superficial layers [59]. Brillouin maps along
the cortex showed that the deeper layers had a higher mean Brillouin shift compared to the
superficial layers, and those results were reproducible across the neocortex from different mice
of the same age (Fig. 4(d)). The results demonstrated the ability of Brillouin microscopy to
visualize the heterogeneous mechanical properties of brain tissues.

3. Discussion

To compare different tissue types, we plot the Brillouin shifts measured from various tissues
including ocular tissues previously measured using the same instrument [39,60,61]. To facilitate
comparisons with data from literature, we use a normalized scale [62] relative to water given
by: VB(tlsi‘;z;;gr()w aet) This metric indicates the contribution of solid substances in the tissue to
the Brillouin shift and is nearly independent of the optical wavelength used. The different brain
regions show the lowest average frequency shift, followed by muscle, skin and cartilage, with all

values in the range 7.5 - 9.0 GHz.
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Fig. 5. The range of range of Brillouin shift values for various tissues. The brain (C:
cortex, P: putamen, CC: corpus callosum, H: hippocampus), muscle, skin, and cartilage
(S: superficial, T: transitional, D: deep) data were obtained in this work. Literature data
were used for porcine retina (B, basal: nerve fiber layer, retinal ganglion cell layer, inner
plexiform layer; A, apical: inner nuclear layer, outer plexiform layer, P, photoreceptor cell
layer: outer nuclear layer, photoreceptor inner segment, photoreceptor outer segment) from
Ref. [60]; human cornea from Ref. [39]; human crystalline lens from Ref. [61].

Brillouin microscopy is sensitive to the water content of biological materials. As detailed in
Ref. [63], using a concentration-weighted sum approximation, the contributions to the change
in Brillouin shift from water content (g¢) and changes in compressibility of the solid fraction
(Bs) can be approximated as: VLBB -0. 4A8f 0.04 Ags Indeed, we can observe a similar trend
between the average Brillouin shifts of the tissues measured here and their water content, as found
in literature (brain: 82 - 85%, muscle: 73 - 78%, skin: 60 - 76%, cartilage: 65 - 80% [64,65]).
However, water content alone is not sufficient to explain the observed variations in Brillouin shift
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[62]. A change in water content from brain to cartilage of 20% would contribute to a change in
Brillouin frequency of about 8%, i.e. 0.6 - 0.7 GHz for the values in our ranges, roughly half of
the actual variation observed. We can thus ascribe the remaining change in Brillouin shifts to
contributions from the solid part of tissue.

The observed trend is also in good agreement with the data from ocular tissues. The retina,
which is made up of nervous tissue, has relative Brillouin shifts comparable to those observed in
the brain. The stroma of the cornea, which is main component of the cornea, contains collagen,
GAG, and corneal fibroblasts called the keratocytes [66]. Such components resemble those of
the dermis layer of the skin, and thus have similar relative Brillouin shifts. The crystalline lens of
the eye is well-known to have a much higher protein content than other tissue parts in the body,
up to 60% of its total mass [67]. Tight packing of these proteins leads to its high stiffness and
transparency [68]. Such unique biological properties are reflected in the high Brillouin shift of
the lens, which shows the highest value among all the tissues investigated.

The measurement error in the frequency shift measurement was about 10-20 MHz (standard
error, see maps in Supplement 1). The uncertainty increases at deeper imaging depth in tissues
due to a decrease in signal-to-noise ratio caused by scattering. This limited our current penetration
depths to about 100 um. The use of a red or near-infrared (NIR) laser wavelength and higher
optical power can increase the penetration depth.

Brillouin microscopy can also provide information on the imaginary part of the longitudinal
modulus (related to material viscosity) from the measurement of the Brillouin spectral linewidth
[12]. However, the finite numerical aperture (NA) of the objective lens used and the finite
instrument resolution must be taken into account in the linewidth measurement.

In the current study, the input laser beam has a circular polarization state. Tissues with aligned
structures, like collagen fibers or muscle fibrils, may exhibit direction-dependent, or anisotropic,
mechanical properties. It may be possible to measure the anisotropic properties by using linear
input polarization states and analyzing polarization-dependent Brillouin shifts.

The measurements presented here were taken on fresh, unprocessed tissues without any fixation,
sucrose immersion, or dehydration/rehydration steps. While this method is desirable to avoid any
processing-induced change in the Brillouin shift of the tissue and also to greatly reduce sample
preparation time, fixation may be necessary in routine histological analysis when samples cannot
be immediately measured after collection. For such applications, additional studies are needed to
identify specific fixation protocols that minimize artificial changes in the Brillouin shift.

In conclusion, we have demonstrated high-resolution histological maps of bulk unprocessed
tissues of four different tissue subtypes using Brillouin shift as indigenous contrast. Brillouin
microscopy reveals the microscopically and macroscopically heterogenous mechanical properties
across cells, ECM and sub-regions within tissues. Label-free histological examinations of tissue
modulus by Brillouin microscopy could be useful in various investigational and diagnostic
applications.

4. Materials and methods

Brillouin imaging. Brillouin imaging was done on a custom-modified inverted microscope
(Olympus IX-71). A 532 nm continuous-wave laser (Laser Quantum Torus 532) was coupled
to the microscope via the right-side port and focused onto the sample with a 40X objective
(Olympus LUCPlanFLN 40X). The laser power at the sample plane was ~2-4 mW. The Brillouin
scattered light was collected by the objective and, after passing through a 90:10 beam-splitter,
was coupled to a single-mode optical fiber serving as a confocal pinhole. The fiber output was
transmitted through a two-stage VIPA spectrometer (FSR 30 GHz, Light Machinery) [69] with
a Lyot stop for enhanced background noise rejection [70]. The Brillouin signal was acquired
with an electron-multiplying charge-coupled device (EM-CCD) camera (Andor iXon). Brillouin
imaging was performed by raster scanning the sample with a motorized stage and acquiring a
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spectrum at each pixel with an integration time between 150-300 ms. Before each scan, the system
was calibrated by acquiring the Brillouin signal from a reference sample (interface between water
and a poly(methyl methacrylate) cuvette), controlled for temperature. The raw data from the
spectrometer was analyzed with custom code written in Python using the SciPy library [71]. For
each pixel, the algorithm extracts the Brillouin spectrum from the image acquired by the camera
by summing the data from 9 lines around the highest-intensity line. The Stokes and anti-Stokes
peaks are then fitted with Lorentzian line-shapes to extract their central position and the Brillouin
shift is finally calculated as the average of their absolute values. Representative spectra for each
tissue type are reported in Supplement 1, along with maps of peak linewidths and estimates for
the uncertainty of the Brillouin shifts obtained from fitting. The 2D Brillouin maps are finally
post-processed with a 3-pixel square median filter.

Tissue preparation. For muscle, skin, and brain tissue imaging, fresh tissues were collected
from 6-week old female CD-1 mice (Charles River Laboratories, USA). For articular cartilage
tissue imaging, fresh legs with an intact femoral head were obtained from 9-month-old female
New Zealand white rabbits that were sacrificed in another experimental protocol and used
within 4 hours of death. The Massachusetts General Hospital Institutional Animal Care and
Use Committee (IACUC) approved all animal study procedures (Protocol ID 2016N000056).
Euthanasia of mice was performed by decapitation with a commercially available guillotine (Kent
Scientific, USA). Following euthanasia, either brain, tibialis anterior muscle, or ear with intact
skin was harvested to investigate under Brillouin microscope. For skin tissue imaging, an ear
with intact skin was examined right after incision for investigation of normal skin condition. For
the study of the dried skin condition, bare skin and skin applied with Vaseline (Sigma Aldrich,
USA) were placed in a drying oven chamber at 65 °C for 15 minutes. For brain tissue imaging,
the brain was explanted from the skull and cut into 1-mm-thick slices in the coronal plane with a
stainless-steel adult mouse brain slicer (Zivic Instruments, USA) -1 mm from the bregma to scan
the corpus callosum, cortex, and putamen, and -2 mm from the bregma to scan the hippocampus.
All tissue samples were contained in sterile glass-bottom tissue culture plates (Cellvis, USA)
immersed with either phosphate buffer saline (Gibco, USA) for muscle, skin, and cartilage, or
artificial cerebrospinal fluid (Tocris, USA) for brain tissue to maintain the tissue viability and
integrity during testing.

H&E histology and Immunohistochemistry. The harvested tibialis anterior muscle from mouse
and femoral head tissues from the rabbit joint were immersed in a 10% neutral buffered formalin
solution (Sigma Aldrich, USA). Muscle tissues were immersed in 30% sucrose solution (Sigma
Aldrich, USA) for cryoprotection, embedded in optimal cutting temperature compound (Fisher
scientific, USA), and sectioned at a thickness of 10 um. The sections were stained with the
hematoxylin and eosin (H&E) staining method and observed under a light microscope (IX71
inverted microscope, Olympus). The sections were immuno-stained with antibodies against
laminin (Abcam, USA). The immunostaining signal was detected with rhodamine isothiocyanate-
conjugated secondary antibodies (Jackson ImmunoResearch Laboratories, USA). Following
fixation, femoral head tissues were decalcified in Decalcifying Solution-Lite (Sigma Aldrich,
USA), dehydrated in increasing concentrations of ethanol (Sigma Aldrich, USA), and embedded
in paraffin (Sigma Aldrich, USA). The paraffin-embedded tissues were sectioned either coronally
or transversely at a thickness of 4 um. The tissues underwent deparaffinization and hydration
steps using xylene and decreasing concentrations of ethanol. The hydrated tissues were stained
with either H&E, Masson’s trichrome, or Toluidine blue staining method. Following staining,
the tissues were dehydrated with increasing concentrations of ethanol, xylene, and were mounted
with Canada Balsam (Sigma Aldrich, USA).
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See Supplement 1 for supporting content.
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